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ABSTRACT: Proteins have evolved to carry out nearly all the
work required of living organisms within complex inter- and
intracellular environments. However, systematically investigat-
ing the range of interactions experienced by a protein that
influence its function remains challenging. DNA nanostruc-
tures are emerging as a convenient method to arrange a broad
range of guest molecules. However, flexible methods are
needed for arranging proteins in more biologically relevant 3D
geometries under mild conditions that preserve protein
function. Here we demonstrate how peptide nucleic acid
(PNA) can be used to control the assembly of cytochrome c (12.5 kDa, pI 10.5) and azurin (13.9 kDa, pI 5.7) proteins into
separate 3D DNA nanocages, in a process that maintains protein function. Toehold-mediated DNA strand displacement is
introduced as a method to purify PNA-protein conjugates. The PNA-proteins were assembled within 2 min at room temperature
and within 4 min at 11 °C, and hybridize with even greater efficiency than PNA conjugated to a short peptide. Gel
electrophoresis and steady state and time-resolved fluorescence spectroscopy were used to investigate the effect of protein surface
charge on its interaction with the negatively charged DNA nanocage. These data were used to generate a model of the DNA-
PNA-protein complexes that show the negatively charged azurin protein repelled away from the DNA nanocage while the
positively charged cytochrome c protein remains within and closely interacts with the DNA nanocage. When conjugated to PNA
and incorporated into the DNA nanocage, the cytochrome c secondary structure and catalytic activity were maintained, and its
redox potential was reduced modestly by 20 mV possibly due to neutralization of some positive surface charges. This work
demonstrates a flexible new approach for using 3D nucleic acid (PNA-DNA) nanostructures to control the assembly of
functional proteins, and facilitates further investigation of protein interactions as well as engineer more elaborate 3D protein
complexes.

■ INTRODUCTION

Proteins evolved an enormous diversity of function that is
carried out through massively complex pathways of interactions
with other biomolecules, which are being compiled into
streamlined databases of possible protein−protein interactions
and networks.1,2 However, many of these interactions are
dependent on the method used to discover them or are
nonfunctional,3 so new methods are needed to validate and
further characterize the specific properties of each interaction.4

A number of intriguing molecular scaffolds have been
developed to arrange proteins, which could be used to study
their interactions. Organic ligands can be assembled into
nanocages via coordination with metal atoms, which have been
used for arranging proteins5 and other guest molecules.6 The
structures of these organometallic complexes can be solved at
high resolution,7 and used to extract structural information on
encapsulated proteins.5 Coordination cages have been reviewed
by Chakrabarty et al.8 This approach may be more challenging
to work with some proteins, because the metals used for
building the structures may compete with naturally occurring

protein metal centers or modulate the protein structure or
activity.9 Lipid bilayer containing protein nanodiscs10 can also
be assembled, which allow single molecule investigations of
membrane proteins in a native-like lipid bilayer11 and allow
study of protein−lipid interactions.12 De novo designed
protein−protein interactions have also be used to engineer
complex scaffold structures suitable for incorporating guest
molecules.13,14 Protein supercomplexes like ferritin,15,16 heat
shock proteins,17 and viral capsids15,18,19 have interior cavities
that can be used to encapsulate guest molecules, and have been
reviewed by Bode et al.20 Bacteriophages have also been used to
arrange molecules and screen for protein−protein interactions
using phage display,21 which has been reviewed by Sidhu.22

Protein cages provide atomic level granularity for introducing
guest molecules, allow the surface properties to be tuned to
promote electrostatic interactions,23 and facilitate high
resolution structure determination.13,14,24 As molecular scaf-
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folds for investigating protein−protein interactions, the
complex protein surfaces presented in protein cages may be
difficult to predict or unravel how the scaffold interacts with the
proteins of interest. Furthermore, because the scaffolds are
made of protein, they may interfere with surface functionaliza-
tion chemistry or techniques commonly used to investigate
proteins, such as NMR or protein staining.
DNA nanostructures also offer an intriguing platform to

study the function of proteins through controlled manipulation
of the protein orientation and proximity to other molecules of
interest. The field of DNA nanotechnology has been
extensively reviewed,25,26 including specialized reviews focusing
on protein functionalization.27,28 Because these structures are
made of DNA they will not interfere with protein specific assays
or functionalization methods and present opportunities to
access a broader range of molecular tools. The uniform charge
density of DNA facilitates simple purification and analysis using
ion exchange chromatography or gel electrophoresis under
native conditions. The enormous diversity of DNA sequences
enables functionalization of large numbers of guest molecules at
specific locations driven by complementary base pairing.
Furthermore, the surfaces on DNA nanostructures present a
more uniform surface compared to proteins, which will simplify
decoupling protein−protein interactions from protein−scaffold
interactions.
Methods for manipulating proteins on 1D and 2D DNA

nanostructures have been utilized for selectively arranging
multiple enzymes,29 investigating DNA binding with ap-
tamers30 and zinc finger proteins,31 assembling complementary
protein subunits32 or protein ligands,33,34 and investigating the
spatial dependence of enzyme cascades.35,36 Three-dimensional
DNA nanostructures have been used to encapsulate37 and
arrange proteins38−40 as well as to organize membrane proteins
for NMR structure determination.41 Because natural protein
interactions occur in complex 3D arrangements, there is a need
to develop methods for spatially and temporally controlling
protein interactions in 3D, which may not be accessible in
nanostructures of lower dimension. Furthermore, some
proteins contain specific DNA binding domains,42 and many
others are likely influenced by the presence of a negatively
charged DNA scaffold, so a better understanding of the

electrostatic effects of DNA nanostructures on proteins is
needed to establish guidelines for using DNA scaffolds to study
proteins. Previous work conjugating protein to DNA has largely
focused on introducing proteins onto large 2D DNA lattices43

or DNA origami nanostructures.44 Small DNA nanostructures
facilitate confining proteins to more biologically relevant
interaction distances and frequencies, and can also be more
easily incorporated into other materials and complexes.45

Furthermore, small DNA nanostructures (<100 kDa) allow a
higher molar concentration to be achieved, which enables a
broader range of protein assays, such as spectroelectrochem-
istry,46 and structural analytical techniques, such as circular
dichroism,47 not practical with large DNA origami nanostruc-
tures (>4 MDa).48

Previously, a DNA tetrahedron was used to encapsulate the
protein cytochrome c.37 In that work the authors directly
conjugated the protein to one of the four ssDNAs required for
proper assembly of the DNA tetrahedron, and then assembled
the DNA−protein complex in a single high temperature
annealing step. It is unclear how the protein function was
affected by the preparative methods and whether this method
could be extended to a wider range of proteins. While it is
possible to assemble DNA nanostructures at lower temperature,
this generally reduces the assembly yield and complicates
purification. Furthermore, if multiple proteins were assembled
on the same scaffold in one step, the timing of the interactions
could not be controlled. Nucleobase hybridization coupling
strategies can overcome this limitation, by first assembling the
DNA nanostructure with a binding site for a guest molecule
conjugated to a ssDNA, and then incorporating the guest
molecule by hybridization under mild conditions.49,50 However,
even oligonucleotides of moderate length can substantially
reduce the efficiency of incorporating proteins in close
proximity.50 Peptide nucleic acid (PNA)51 is an artificial
nucleic acid with enhanced binding affinity for DNA that shows
great promise for applications in gene targeting52 and
sensing53,54 and as a nanomaterial.55−57 We previously showed
that 8 nucleotide (nt) strands of PNA can be used to rapidly
and efficiently assemble short, fluorescently labeled peptides at
room temperature into an existing DNA tetrahedron design58

modified to include a single-stranded PNA binding domain for

Figure 1. Proposed design to separately assemble two proteins into a DNA nanocage using a PNA linker.
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each peptide.59 It was unclear if the effectiveness of this strategy
could be extended to much longer polypeptides and if it would
preserve function.
In this report we conjugate a PNA linker to two small

proteins, cytochrome c (12.5 kDa, pI 10.5) and azurin (14 kDa,
pI 5.7), and assemble each conjugate into separate 3D DNA
nanocages via nucleobase hybridization with the attached PNA
linker, as shown in Figure 1. These proteins allowed us to
investigate the feasibility of using PNA to assemble longer,
functional polypeptides, as well as compare the effect of each
protein’s net surface charge on its interaction with the
negatively charged 3D DNA nanocage. First we synthesized
an 8nt PNA sequence and conjugated it to a surface thiol on
either protein. Toehold-mediated DNA strand displacement
was developed to purify the PNA-protein conjugates from
unreacted protein. Gel electrophoresis was used to determine
the PNA-protein binding efficiency. Förster resonance energy
transfer between the tetramethylrhodamine (TMR) labeled
PNA-protein and the fluorescein (FAM) labeled DNA
nanocage (DNA-FAM) was used to monitor the PNA-protein
hybridization kinetics, thermal dissociation, and separation
distances. Time resolved spectroscopy was used to analyze the
interaction of the TMR labeled PNA-proteins with the DNA-
FAM nanocage. Gel electrophoresis along with steady state and
time-resolved fluorescence data were used to construct a model
of each DNA-PNA-protein complex. The structure and
function of cytochrome c, when conjugated to PNA and
hybridized inside the DNA nanocage, was further characterized
by measuring the activity of luminol oxidation, determining its
redox potential using spectroelectrochemistry, and analyzing its
secondary structure using circular dichroism.

■ RESULTS AND DISCUSSION
DNA-PNA-Protein Complex Design. Previously we

demonstrated the PNA-driven assembly of two fluorescently
labeled peptides within a DNA nanocage.59 Briefly, we
introduced modifications to an existing DNA tetrahedron
design by introducing two 8nt single stranded domains on
opposite edges of the DNA nanocage for binding comple-
mentary PNA strands with short peptides on the N terminus
oriented toward each other through the center of the DNA
nanocage. The design allowed the DNA nanocage to be
preassembled, purified, and then subsequently populated with
one or two PNA-peptides under mild conditions. Here, we
extend this strategy to introduce two different metalloproteins
into separate DNA nanocages, as shown in Figure 1, at the
PNA binding site on one of the edges, as shown in the
sequence schematic in Supporting Information Figure S1.
Throughout this report we use the nomenclature defined in
Supporting Information Figures S1, S2, and S3 when we
describe the various strands and constructs used in each
experiment.
PNA-Protein Conjugation, Purification, and Fluores-

cent Labeling. The schemes used to construct conjugates of
PNA with either dye labeled or unlabeled azurin or cytochrome
c are shown in Figure 2. Detailed methods for the conjugation,
purification, and fluorescent labeling can be found in the
Supporting Information Measurements and Methods section
and discussed further in the Supporting Information Support-
ing Discussion section. Briefly, the PNA sequence
TGCGTGTC-Gly, written from C to N terminus (3′ to 5′),
was prepared by microwave-assisted solid phase synthesis as
described previously,59,60 and the free N terminus was labeled

with an SMCC cross-linker. PNA-SMCC was conjugated to a
single surface cysteine (N42C) containing azurin mutant
(∼40% yield).61 The chemical structure of the linker
connecting the PNA to azurin is shown in Figure 7B. The
SPDP cross-linker was used to introduce 1.1−2.6 thiols per
cytochrome c, conjugated to PNA-SMCC (yield 5−10%) and
quenched using aminoethylmalemide (AEM) to restore
positive surface charges lost during the thiolation of surface
amines with SPDP. The chemical structure of the linker
connecting the PNA to cytochrome c is shown in Figure 7A.

Figure 2. Scheme used to produce the following dye labeled and
unlabeled PNA-protein conjugates: PNA-CytC, PNA-CytC-TMR,
PNA-Az, PNA-Az-TMR. (1A) Solid phase synthesis of 8nt PNA
sequence with N terminal glycine. (1B) Functionalization of PNA with
maleimide on N terminus using SMCC cross-linker. (2A) Labeling of
cytochrome c surface lysines with TMR dye. (2B) Functionalization of
cytochrome c surface lysines with thiols using SPDP cross-linker. (3)
Conjugation of PNA-SMCC to surface thiol(s) on cytochrome c and
azurin. (4A) Quenching of unreacted surface thiols on cytochrome c
with AEM to restore positive charge. (4B) Labeling azurin surface
lysines with TMR dye.
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Some of the conjugates were dye labeled with TMR for
subsequent fluorescent studies.
Further purification of the conjugates was not essential since

the remaining free protein could be removed by size exclusion
fast protein liquid chromatography (SE-FPLC) after the PNA-
protein (15−16 kDa) hybridizes with the much larger DNA
nanocage (80 kDa). However, characterization of the PNA-
CytC conjugates within a mixture of free protein was
challenging due to the low amount of conjugate (5−10%)
and the significant absorbance of cytochrome c at 260 nm (ε260
= 20 140 M−1 cm−1) compared to PNA (ε260 = 69 932 M−1

cm−1), as shown in Supporting Information Figure S7. Due to
the neutral charge and small size of the PNA linker (2.4 kDa) as
compared to the protein (12.5 kDa), charge and molecular
weight based separation techniques were not effective to
separate the PNA-CytC conjugates from unreacted cytochrome
c. This motivated our pursuit to develop a new method of
purifying PNA-protein conjugates using toehold-mediated
DNA strand displacement, as described in the next section.
PNA-Protein Purification by Toehold-Mediated DNA

Strand Displacement. In order to further isolate and
characterize the PNA-CytC conjugate from the free cyto-
chrome c, we sought to leverage PNAs ability to hybridize to
DNA. Toehold-mediated DNA strand displacement is an
established technique that uses a partially complementary DNA
strand to initially bind a target, but leaves a ssDNA “toehold”
domain available for a fully complementary strand to bind and
release the target, due to the more favorable binding energies,
as reviewed by Zhang and Seelig.62 Here we adapted this
technique to purify PNA-protein conjugates, as shown in Figure
3. To our knowledge this is the first application of this
technique for purification purposes. In step 1, the crude mixture
of PNA-CytC and free cytochrome c was incubated with either
a 16nt or 66nt toehold ssDNA. Each toehold strand contains an
8nt domain (shown in yellow) fully complementary to the 8nt
PNA sequence conjugated to the protein, and an 8nt toehold
domain (shown in purple) that remains unhybridized. In step 2,
the additional mass provided by either the 16nt (4.8 kDa) or
66nt (20.3 kDa) toehold in the DNA-PNA-protein complex
allows SE-FPLC to be used to separate it from the free protein.
In step 3, a ssDNA fully complementary to the toehold
(cDNA) is incubated with the DNA-PNA-protein complex.
The cDNA initially binds to the free part of the toehold DNA
domain, and then it completely displaces the PNA-protein. In
step 4, the cDNA and toehold DNA are removed from the
PNA-protein using ion exchange FPLC (IEX-FPLC). The
sequences of the strands used in this method are described in
Supporting Information Figure S3.
Initially we suspected that the additional charge from the

toehold DNA strand would make charge based separation
techniques straightforward to isolate the DNA-PNA-protein
complexes. Both IEX-FPLC and native PAGE were successful
for separating fluorescently labeled PNA strands, as shown in
Supporting Information Figures S8 and S9, respectively, which
is discussed further in the Supporting Information Supporting
Discussion section. Subsequent mixing of the DNA-PNA
complex with the fully complementary (cDNA) strand liberated
the PNA. When the same method was applied to PNA-CytC,
however, the DNA-PNA-CytC hybridization was disrupted
during purification. Two major factors may contribute to the
dissociation of the toehold DNA from the PNA-CytC: (1)
Structural changes to the DNA as it binds to the anion
exchange column may weaken its binding to PNA-CytC, and

(2) the dipole moment between the positively charged PNA-
CytC and negatively charged DNA may increase the rate of
dissociation in the presence of a large electric field during
PAGE. To circumvent this issue, we performed SE-FPLC on

Figure 3. Scheme for purifying PNA-protein using toehold-mediated
DNA strand displacement. Details about the procedure are described
in the main text.
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the DNA-PNA-CytC mixture. Figure 4A shows the SE-FPLC
chromatogram with the nucleobase absorbance at 260 nm and
the heme absorbance of cytochrome c at 414 nm. Peaks 1 and 2
show significant A260 and A414, which we assign to cytochrome c
labeled with one (19.7 kDa) and two (26.9 kDa) PNA strands,
respectively (masses include complementary toehold DNA
strands). We assign the third peak to the free cytochrome c
(12.5 kDa), because of the large A414 and modest A260. The
fourth peak, showing A260 but negligible A414, is attributed to
unhybridized 16nt toehold DNA strand (4.8 kDa).
In order to improve the separation of the PNA-CytC

conjugates, a 66nt (20.3 kDa) toehold strand was designed to
induce an even larger mass shift. Figure 4B shows the SE-FPLC
chromatogram of PNA-CytC incubated with the 66nt toehold
DNA. Peaks 1 and 2 show cytochrome c with one and two
PNAs attached, respectively. These peaks show superior
separation from the free cytochrome c peak to what was
achieved with the 16nt toehold strand. Because of its larger size,
the 66nt toehold DNA strand partially overlaps with the PNA-

conjugate peaks, but which is removed during the subsequent
purification step (vide infra). An additional peak is observed
just prior to the free cytochrome c peak (peak 0), which could
be PNA-CytC conjugate that dissociated from its comple-
mentary toehold DNA during the run.
All PNA-CytC conjugate peaks were collected and then

incubated with fully complementary DNA (cDNA) strands to
liberate the PNA-CytC conjugate. An IEX-FPLC step was
performed to separate the PNA-CytC from the DNA toehold.
Figure 4C shows a typical IEX-FPLC chromatogram for the
separation: the positively charged PNA-CytC conjugate does
not bind to the resin and elutes in the void volume fraction,
while the negatively charged ssDNA and dsDNA are retained
on the column and are eluted when an increasing salt gradient
is applied. The unknown peak eluting before the free DNA may
be a small amount of conjugate still bound to the toehold DNA
strand that was not completely displaced by the cDNA. Figure
4D shows an SDS-PAGE gel comparing unlabeled and TMR
labeled PNA-CytC conjugates after toehold-mediated purifica-

Figure 4. Results for PNA-protein conjugate purification by toehold-mediated strand displacement. Size exclusion (SE) FPLC chromatogram of
PNA-CytC (15.1 kDa, ε260 = 90k M−1 cm−1, ε414 = 106k M−1 cm−1) incubated with a complementary ssDNA of (A) 16nt (4.8 kDa, ε260 = 157k M−1

cm−1) and (B) 66nt (20.3 kDa, ε260 = 661k M−1 cm−1). The nucleobase absorption at 260 nm and heme absorption at 414 nm were monitored to
detect the elution of the product. (C) Ion exchange (IEX) FPLC chromatogram showing the toehold and fully complementary ssDNA and
corresponding dsDNA retained on the anion exchange column while the cationic PNA-CytC conjugate flows through. (D) Silver stain of a 4%
stacking and 15% resolving SDS-PAGE of the SE-FPLC peaks of the PNA-CytC conjugates after purification using different complementary ssDNAs
(16nt or 66nt). Lanes 2 and 3 are free cytochrome c and SPDP-AEM modified cytochrome c, respectively (refer to Figure 2 for SPDP-AEM
complex); lanes 5 and 7 are the crude PNA-CytC and PNA-CytC-TMR mixtures with free cytochrome c. Lanes 4, 8, and 9 show conjugate purified
using the 66nt toehold DNA; lanes 4 and 8 show the overlapping peaks 1 and 2 combined for PNA-CytC and PNA-CytC-TMR, respectively, and
lane 9 contains peak 0 from PNA-CytC-TMR.
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tion. On the gel, lanes 2 and 3 were loaded with free
cytochrome c and SPDP-AEM modified cytochrome c,
respectively (refer to Figure 2 for SPDP-AEM constructs).
Both lanes show a single band at the expected molecular weight
(∼13 kDa). Lanes 5 and 7 were loaded with PNA-CytC and
PNA-CytC-TMR, respectively. Both samples were purified by
SE-FPLC to remove unreacted PNA, but still contain free
cytochrome c. The low fraction of conjugate (∼6%) estimated
from the UV−vis spectrum was not observed on the gel using
silver stain. After toehold-mediated purification of the crude
mixtures, the PNA-CytC peak from IEX-FPLC was concen-
trated and loaded in lane 6. A clear enrichment of the PNA-
CytC conjugate is observed when using the 16nt toehold
strand. The product obtained using a 66nt toehold DNA to
purify PNA-CytC(-TMR) was loaded on lanes 4, 8, and 9. A
larger enrichment than what was obtained with the 16nt strand
is observed both in the case of PNA-CytC (lane 4) and PNA-
CytC-TMR (lanes 8 and 9) conjugates.
PNA-Protein Assembly with the DNA Nanocages.

DNA nanocages with an 8nt single stranded domain for
binding the PNA-protein conjugates were prepared by thermal
annealing as described previously.59 The DNA nanocage was
purified using IEX-FPLC (Supporting Information Figure
S10A), as described in the Supporting Information Materials
and Methods section and Supporting Discussion section. In
separate experiments, the preformed DNA nanocage was
incubated at room temperature with increasing molar excess
of PNA-CytC, PNA-azurin, or with 5× molar excess of a
fluorescently labeled PNA (PNA-FAM).59 The sample was
cooled to 4 °C and then directly analyzed using native PAGE at
4 °C. The results are shown in Figure 5: all the constructs
exhibit a band shift upon PNA hybridization to the DNA
nanocage. Both PNA-proteins achieve near quantitative binding
after stoichiometric amounts are added. This is a noticeable
improvement from our previous study of PNA-peptides,59

which, due to self-aggregation,63 required 2-fold PNA excess for
quantitative binding. This improvement in the hybridization

efficiency may be explained by an enhanced solubility of the
PNA after conjugation to the protein.
The smallest gel shift, with respect to the empty DNA

nanocage, was observed for the binding of PNA-FAM, followed
by a slightly larger shift induced from the binding of PNA-
CytC, and then a more substantial shift caused from the
binding of PNA-azurin. The binding of PNA itself induces a
shift as observed previously,59 likely because the DNA
nanocage becomes more rigid as the single stranded binding
domain for PNA becomes double stranded. The slight
additional shift observed for PNA-CytC is likely due to a
lower overall negative charge of the DNA-PNA-CytC nanocage
assembly after binding the positively charged cytochrome c (pI
∼10.5). The substantial shift induced by PNA-azurin suggests
that the negatively charged protein is repelled away from the
DNA nanocage; this increases the hydrodynamic radius of the
assembly, therefore causing a slower migration in the gel, as
compared with the empty DNA nanocage. A substantial gel
shift was also observed for the same DNA nanocage attached to
a slightly larger but also negatively charged green fluorescent
protein (28 kDa, pI 5.7)39 as well as streptavidin.40 An
alternative “inverted” DNA nanocage design was assembled
that moved the PNA binding domain across the helix, rotating
the orientation of the point of protein attachment by about
180° (sequences described in Supporting Information Figure
S1). After incubating PNA-Az-TMR with the original DNA
nanocage design as well as the inverted DNA nanocage design
(DNAi), native PAGE showed no difference in the mobility of
the complexes, as shown in Supporting Information Figure
S10C lanes 2−5. A possible explanation for this is that,
regardless of the orientation provided by the PNA attached to
the DNA nanocage, the glycine-SMCC linker provides
sufficient flexibility for the protein to adopt its most
thermodynamically favored orientation, on the basis of the
surrounding environment. The gel for azurin also shows that
PNA-Az does not bind to the DNA nanocage with a
noncomplementary sequence (lane 9) and free azurin does

Figure 5. Gel showing the binding of PNA-cytochrome c, PNA-azurin, or PNA-FAM to the DNA nanocage. (Left) Native PAGE (7%), run at 4 °C,
of the DNA nanocage incubated with increasing molar excess (0−5×) of PNA-CytC (lanes 2−6) or 5× PNA-FAM (lane 7). From left to right:
ethidium bromide staining of all lanes, FAM fluorescence (ex 475 nm, em 535 nm) for lane 7 loaded with PNA-FAM, and silver staining of all lanes.
(Right) Native PAGE (7%) of the DNA nanocage incubated with increasing molar excess (0−8×) of PNA-azurin (lanes 2−7), 4× PNA-azurin with
a DNA nanocage with a noncomplementary binding sequence (lane 9), 2.9× free azurin with the DNA nanocage (lane 11), and 2.9× free azurin
alone (lane 12). From left to right: ethidium bromide and silver staining for all lanes.
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not bind to the DNA nanocage (lane 11). Similar results were
obtained for controls using PNA-CytC, as shown in Supporting
Information Figure S11, demonstrating the PNA strand is
required to properly assemble the protein into the DNA
nanocage. The silver stain also shows the negatively charged
free azurin and unbound PNA-Az migrate as a single band at
∼300bp, which is reasonable given a 70% lower charge density
than the DNA nanocage.
The kinetics of PNA-protein hybridization into the DNA

nanocage was investigated at room temperature by monitoring
quenching of the FAM labeled DNA nanocage fluorescence
emission as TMR labeled PNA-proteins were added, as
discussed in the Supporting Information Supporting Discussion
section. PNA-Az-TMR and PNA-CytC-TMR were found to
reach 99% hybridization within 2 min, as shown in Supporting
Information Figure S12. These rates are faster than the 5−10
min previously observed for TMR labeled PNA-peptides.59

PNA-CytC-TMR was also found to hybridize to the DNA
nanocage within 4 min at 11 °C. Since proteins are normally
kept frozen or chilled to extend their useful lifetime,
hybridization at low temperature may be ideal to study
temperature sensitive proteins or protein complexes. The
cytochrome c heme absorbance was also found to quench FAM
fluorescence upon binding to the DNA nanocage. Unlabeled
PNA-CytC hybridized within 13 min at 25 °C and within 25
min at 11 °C, suggesting that the TMR dye label may facilitate
binding of PNA-CytC. TMR is known to interact with DNA
nucleobases, which may help to keep the protein close to the
DNA nanocage to facilitate PNA hybridization.64 The
dissociation temperature (TD) of the TMR labeled PNA-
proteins bound to the FAM labeled DNA nanocage was

determined by monitoring FRET of the complex while the
temperature was slowly increased from 11 to 85 °C, as shown
in Supporting Information Figure S13. The measured TD of
both PNA-proteins were 3−4 °C lower than the theoretical
value for the PNA sequence alone. This indicates that the
presence of either protein destabilizes the PNA-DNA duplex to
the same degree.

Fluorescence Characterization: Anisotropy, Lifetime,
and Energy Transfer. The arrangement of both proteins in
the DNA nanocage environment was further investigated using
fluorescence spectroscopy. We used time-correlated single
photon counting (TCSPC) to evaluate how freely the dye
labels can rotate when attached to the PNA-protein and when
hybridized into the DNA nanocage by probing the rate of
depolarization of their emission when excited by polarized light.
Each complex was excited by vertically polarized light at 500
nm, and the emission of TMR was monitored at 600 nm with
polarization both parallel (VV, vertical excitation and emission)
and perpendicular (VH, vertical excitation and horizontal
emission) relative to the polarization of the excitation, as shown
in Figure 6 (A−C). The difference in the emission intensity of
VV and VH was used to calculate the anisotropy decay kinetics
using the equations described in the Supporting Information
Materials and Methods section. The anisotropy decay and
corresponding central moving average are plotted for each
complex as a function of time in Figure 6D. The maximum
possible anisotropy value is 0.4 for a perfectly rigid complex
with no depolarization, whereas the minimum value of zero
indicates a rapidly rotating dye molecule that has fully
depolarized. The anisotropy for TMR decays with three
distinct components, a <0.2 ns fast component due to energy

Figure 6. Fluorescence decay and anisotropy of two TMR dye labeled proteins hybridized to a DNA nanocage with PNA. (A, B, C) Plot of the
parallel (Ivv) and perpendicular (Ivh) TMR fluorescence decay of PNA-Az-TMR hybridized to the DNA nanocage (A), and of PNA-CytC-TMR
when hybridized to the DNA nanocage (B) and when free in solution (C). (D) The anisotropy for each data point of the decays, shown in panels A,
B, and C, was calculated as described in the Supporting Information Materials and Methods section, and the results are plotted here. The central
moving average for each data set is reported in the same plot for clarity.
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transfer between proteins with multiple TMR labels, a 0.2−2 ns
intermediate component due to the rotation of the protein, and
a >2 ns slow component due to the rotation of the DNA
nanocage. Interpretation of the anisotropy decay of the fast
components and absolute anisotropy values of the slow
components are complex due to the differences in TMR
labeling of both proteins and are discussed further in the
Supporting Information Supporting Discussion section. The
intermediate decay component (0.2−2 ns) due to protein
rotation is observed for PNA-Az-TMR in the DNA nanocage
and for PNA-CytC-TMR in solution but not for PNA-CytC-
TMR in the DNA nanocage. This suggests that cytochrome c
remains within and closely interacts with the DNA nanocage,
which significantly restricts its rotation, while azurin is repelled
away from the DNA nanocage and rotates quite freely.
Additional TCSPC measurements were performed to obtain

information on the position of each of the proteins inside the
DNA nanocage after hybridization. The fluorescence emission
decay of FAM on an empty DNA-FAM nanocage was
compared to the decay of the same label after either PNA-
CytC-TMR or PNA-Az-TMR were hybridized to the DNA-
FAM nanocage. The results of these experiments are shown in
Supporting Information Figure S15. From the time dependent
intensity decay it is clear that the lifetime of FAM is reduced
upon binding of either of the two TMR-labeled PNA-protein
conjugates. The average lifetimes determined from fitting the
data in Supporting Information Figure S15 with exponential
functions are presented in Supporting Information Table S2.
The change in FAM lifetime in the presence of each TMR-

labeled PNA-protein was used to determine the energy transfer
efficiency of 17 ± 5% for PNA-Az-TMR and 37 ± 3% for PNA-
CytC-TMR as described in the Supporting Information
Materials and Methods section. The fluorescence decay kinetics
of a DNA nanocage labeled with FAM at the vertex adjacent to
the TMR labeled PNA-protein was also measured at various
wavelengths between 500 and 640 nm that span the FAM
emission spectrum. The data were fit using a global analysis
algorithm and plotted as a function of wavelength in the decay
associated spectra (DAS) shown in Supporting Information
Figure S16. Both the DAS and fluorescence decay indicate that
energy transfer occurs from FAM to TMR in the DNA-PNA-
protein nanostructures. These data are furthered discussed in
the Supporting Information Supporting Discussion section.
Together with TCSPC, steady state fluorescence spectros-

copy was used to measure the distance between the TMR
labeled PNA-proteins and the DNA nanocage vertex labeled
with FAM. The steady state fluorescence spectra of DNA-FAM
+ PNA-CytC-TMR and DNA-FAM + PNA-Az-TMR were
recorded at 11 °C, and are shown in Figure 7A,B, respectively.
Figure 7 reports the following for each construct: the
fluorescence spectra of the donor (D), the fluorescence spectra
of the donor in the presence of the acceptor (DA), the energy
transfer efficiency (ET), the quantum yield of FAM bound to
DNA (QY), the Förster radius of the FAM-TMR FRET pair
(R0), and the Förster distance in the construct (r). The values
of ET, QY, R0, and r were calculated as described by Flory et al.

59

The energy transfer efficiency values calculated from the
intensity change of the DNA-FAM fluorescence in the presence

Figure 7. Steady state fluorescence spectra, molecular model of the DNA-PNA-protein complexes, and linker chemical structure. (Top)
Fluorescence emission spectra (ex 450 nm) of the donor only (D) and of the donor with the acceptor (DA) measured at 11 °C of the DNA-FAM
nanocage with PNA-CytC-TMR (A) or PNA-Az-TMR (B). Each spectra also shows the calculated energy transfer efficiency (ET), the determined
quantum yield (QY), calculated Förster radius (R0), and Förster distance (r). (Middle) Molecular models of the dye labeled DNA nanocage
hybridized to either a dye labeled PNA-cytochrome c conjugate (A) or PNA-azurin conjugate (B), with an arrow indicating the direction of energy
transfer. The chemical structure of the linkers used to conjugate PNA to each protein is shown below each model.

Journal of the American Chemical Society Article

dx.doi.org/10.1021/ja501228c | J. Am. Chem. Soc. 2014, 136, 8283−82958290



of either PNA-CytC-TMR or PNA-Az-TMR were 37% and
18%, respectively. These values agree well with the 37 ± 3%
and 17 ± 5% calculated using the change in DNA-FAM lifetime
as measured by TCSPC. The Förster radii for the FRET pairs
DNA-FAM with PNA-CytC-TMR-FAM or PNA-Az-TMR
were calculated to be 5.2 and 4.3 nm, respectively. The larger
Förster radius for PNA-CytC-TMR was due to the greater
overlap of its absorption spectrum with the DNA-FAM
emission spectrum. The details of the calculations, as well as
discussion about the spectral data used to obtain these values,
are presented in the Supporting Information Measurements
and Methods section. The Förster distances separating the
FAM label on the DNA nanocage from the PNA-CytC-TMR or
PNA-Az-TMR were found to be 5.7 ± 1.0 nm and 5.6 ± 0.9
nm, respectively.
With the constraint that both proteins have approximately

the same separation distance from the adjacent DNA nanocage
vertex, we developed a model of the DNA-PNA-protein
complexes that accounts for differences observed during
PAGE and time-resolved anisotropy, as shown in Figure 7.
The significantly larger PAGE gel shift and faster anisotropy
decay kinetics observed for TMR labeled PNA-azurin attached
to the DNA nanocage suggest it is repelled away from the DNA
nanocage creating a larger hydrodynamic radius for the
complex and allows the protein to rotate freely. PNA-CytC
induces a gel shift similar to that observed for the PNA alone,
suggesting that the protein is confined within the DNA
nanocage. The TMR anisotropy decay due to PNA-CytC
rotation in solution is absent when hybridized into the DNA
nanocage suggesting that PNA-CytC is tightly interacting with
the DNA nanocage, and thus restricts its rotation. The chemical
linkers used to connect PNA to each protein are shown in
Figure 7 along with the projected length. Our model suggests
that, despite the same PNA binding site in the DNA nanocage,
these chemical linkers are not rigid enough to hold two
similarly sized proteins at the same location. Instead, the
flexibility of the linker allows each protein to find a favorable
orientation based on its surface electrostatic interactions with
the negatively charged DNA nanocage. To improve control
over the protein in the future, it may be advantageous to
operate near the isoelectric point of the protein, increase the
salt concentration, add a second specific conjugation site to
further constrain the orientation of the protein, or include a
complementary protein in an adjacent part of the DNA
nanocage that can form a stable protein−protein complex.

Cytochrome c Activity. One of the most challenging
aspects of working with proteins is to identify relevant in situ
methods to assess the integrity of their structural and functional
properties. Cytochrome c is a redox active heme containing
protein that functions as an electron carrier in the
mitochondrion. Like other heme containing proteins, such as
horseradish peroxidase, it has the ability to oxidize luminol in
the presence of hydrogen peroxide to produce chemilumines-
cence. Furthermore, the heme absorbance at 550 nm changes
significantly upon oxidation and reduction, thereby facilitating
the spectroscopic assessment of its oxidation state. Wild type
azurin is a copper containing redox active protein; however, the
mutant used in this study contained redox inactive zinc in the
metal center.
The activity of cytochrome c in the DNA-PNA-CytC

complex was analyzed directly in a native polyacrylamide gel
using the luminol assay, where the gel was imaged for 2 h to
monitor the progression of the reaction, as described in the
Supporting Information Materials and Methods section. Figure
8A,B shows the ethidium bromide stain and luminol
chemiluminescence, respectively, of the DNA nanocage alone
(lane 1), the DNA nanonocage with PNA-CytC (lane 2), the
DNA nanocage incubated with 5× free cytochrome c (lane 3)
and separately incubated with 5× PNA-FAM (lane 4). All DNA
constructs migrate uniformly, with a noticeable shift for the
DNA-PNA-CytC containing band from the empty DNA
nanocages. Only the DNA-PNA-CytC complex shows chem-
iluminescence. The intensity of the DNA-PNA-CytC (lane 2)
and DNA + free cytochrome c (lane 3) bands in each image
was integrated and plotted as a function of integration time, as
shown in Figure 8C. Cytochrome c demonstrates substrate
diffusion-limited kinetic behavior as it catalyzes the oxidation of
luminol in the DNA nanocage, which is in agreement with what
was observed in solution.65

Cytochrome c Redox Potential. The redox potential of
cytochrome c was also investigated inside the DNA nanocage
by monitoring the ratio of oxidized and reduced cytochrome c
based on the absorbance change at 550 nm. The potential of
the solution was adjusted using the ferricyanide−ferrocyanide
redox couple, as described in the Supporting Information
Materials and Methods section. A schematic of the reaction is
shown in Figure 9A. The fraction of ferricytochrome c
(oxidized) is plotted as a function of the heme absorption
spectra in Figure 9B. The log of the ratio of ferrocytochrome c
to ferricytochrome c is plotted against the log of the ratio of
ferrocyanide to ferricyanide (which set the solution potential)

Figure 8. In-gel activity of PNA-cytochrome c bound to the DNA nanocage. (A) Ethidium bromide stain of a 4% stacking and 15% resolving native
PAGE of 100 pmols of DNA nanocage alone (lane 1), DNA + PNA-CytC (lane 2), the DNA nanocage incubated with 5× free cytochrome c (lane
3) and separately incubated with 5× PNA-FAM (lane 4). (B) Chemiluminescence image of the gel from part A due to luminol oxidation by PNA-
CytC in the DNA nanocage. (C) Integrated chemiluminescence band intensities of DNA-PNA-CytC and DNA + free CytC taken every 20 min.
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as shown in Figure 9C. The x intercept of a linear fit of this plot
determines the potential at equilibrium between ferri- and
ferrocytochrome c, which can be used to determine the redox
potential using the Nernst equation. The calculated potential
for free horse heart cytochrome c was 278 ± 0.6 mV at 23 °C,
which is about 10 mV higher than reported elsewhere,66 and
may be due to a systematic offset in our experimental setup.
The calculated redox potential for PNA-CytC in solution was
found to be 267 ± 1.6 mV at 23 °C. The experiment for the
DNA-PNA-CytC complex was carried out at 6 °C to ensure the
PNA-CytC stayed hybridized to the DNA nanocage. The redox
potential of cytochrome c is known to be inversely dependent
on temperature (−0.45 mV/°C), which has been explained due
to the higher ordering of water at low temperature stabilizing
the cytochrome c conformation in the reduced state.67,68 The
calculated redox potential for PNA-CytC when incorporated
into the DNA nanocage was found to be 266 ± 1.7 mV at 6 °C
with an equivalent potential of 258 ± 1.7 mV at 23 °C.
The 10 mV negative shift in the cytochrome c redox

potential observed after conjugation to PNA and additional 10
mV shift observed once PNA-CytC is incorporated into the
DNA nanocage may both be due to a less positive net charge of
the protein, which helps to stabilize the net positive charge of
the heme in the oxidized state. The positive charges from some
surface lysine residues are displaced during PNA conjugation.
Furthermore, close interaction of cytochrome c with the
negatively charged DNA nanocage may neutralize some
positive surface charges on the protein. This shows a similar
trend to that reported for ferrocene conjugated to ssDNA upon
hybridization with a complementary ssDNA.69,70 The DNA
microenvironment was also shown to effect the activity of a β-
lactamase enzyme attached to a giant λ DNA (48.5 kbp) strand

when the DNA was toggled between an unfolded and compact
state.71 This suggests that PNA and DNA nanostructures may
be able to modulate the activity of proteins through a variety of
mechanisms. Together, the activity and redox potential data
indicate that the preparation of the PNA-CytC conjugates as
well as the incorporation of the conjugates in a DNA nanocage
maintain functionality of the protein.

Cytochrome c Secondary Structure. Circular dichroism
(CD) of cytochrome c was used to determine the effect of
conjugating PNA and hybridizing into the DNA nanocage on
the secondary structure of the protein, as described in the
Supporting Information Measurements and Methods section.
The UV CD spectrum of cytochrome c and PNA-CytC
(Supporting Information Figure S17A) both show similar
negative-in-sign peaks at 222 and 208 nm and a positive-in-sign
peak at 195 nm in agreement with the literature,72 suggesting
that the overall secondary structure of cytochrome c is
unaffected by PNA conjugation. CD of the Soret band has
also been used as a structural probe of the bond strength of the
axial Met(80) ligand to the heme iron in the oxidized state of
cytochrome c.73 A pronounced negative-in-sign peak at 417 nm
occurs in the oxidized state when Met(80) is in close proximity
to the heme iron, but which disappears upon denaturation. The
Soret CD spectra of cytochrome c, PNA-CytC, and DNA-PNA-
CytC (Supporting Information Figure S17B) all show a
negative-in-sign peak at 417 nm suggesting cytochrome c
retains its native conformation around the heme active site after
conjugation with PNA and incorporation into the DNA
nanocage. This is further supported by nearly identical heme
absorption spectra in both the oxidized and reduced states, as
shown in Supporting Information Figure S18.

Figure 9. Spectroelectrochemical results of PNA-cytochrome when bound to the DNA nanocage. (A) Schematic of the oxidation of ferrocytochrome
to ferricytochrome c inside the DNA nanocage by ferricyanide. (B) Absorption spectra of the DNA-PNA-CytC complex as a function of the fraction
of ferricytochrome c (oxidized). (C) Log of the ratio of ferrocytochrome c to ferricytochrome c plotted against the log of the ratio of ferrocyanide to
ferricyanide for free cytochrome c (red) and DNA-PNA-CytC (green). Also shown is a linear fit of each data set and the calculated redox potential
values.
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■ CONCLUSION

We have demonstrated gentle methods to conjugate, purify,
and assemble protein into a 3D DNA nanocage using a PNA
linker. The results obtained with cytochrome c suggest that the
methodology preserves protein structure and function.
Toehold-mediated DNA strand displacement is introduced as
an effective method for purifying PNA and enriching PNA-
protein conjugates. Each of the PNA-protein conjugates was
assembled into separate DNA nanocages within 2 min at room
temperature, and within 4 min at 11 °C. The presence of
protein increased the PNA solubility, allowing the PNA-protein
conjugate to bind to the DNA nanocage in near stoichiometric
quantities, with faster binding kinetics and with increased
hybridization efficiency than the same PNA sequence
conjugated to a short, neutral peptide.59 The effect of the
surface charge of two different proteins on their interactions
with a DNA nanocage was also investigated. Gel electro-
phoresis and steady state and time-resolved fluorescence
spectroscopy data were used to propose a model of the
DNA-PNA-protein complexes. Our model suggests that the
negatively charged azurin is repelled away from the DNA
nanocage, whereas the positively charged cytochrome c remains
within and closely interacts with the DNA nanocage. When
incorporated into the DNA nanocage, cytochrome c main-
tained catalytic activity and secondary structure, and its redox
potential was reduced modestly by 20 mV possibly due to
neutralization of positive surface charges during PNA
conjugation and from close interaction with the DNA
nanocage.
This report describes a flexible approach to studying protein

function and interactions within a 3D nucleic acid framework.
The design could be further expanded to connect up to 4−6
polypeptides (up to 60 kDa)37 on adjacent edges of the DNA
nanocage by introducing the appropriate PNA binding
sequences. The ability to systematically introduce different
proteins into defined locations within such a three-dimensional
structure may facilitate investigations of protein−protein
interactions. The maturation of the DNA nanotechnology
field has greatly simplified the process of designing a wide
variety of DNA nanostructures. Our method of incorporating
proteins into 3D DNA nanostructures by means of a PNA
linker facilitates exploiting the enormous diversity of DNA
nanostructures for investigating and engineering functional 3D
protein-nucleic acid complexes.
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